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 Monodisperse Emulsion Drop Microenvironments for 
Bacterial Biofi lm Growth 

   Connie B.    Chang     ,        James N.    Wilking     ,        Shin-Hyun    Kim     ,        Ho Cheung    Shum     ,    
   and        David A.    Weitz   *   

  1.     Introduction 

 Plaque formation on teeth, slime on contact lenses, and 

slippery sink drains are all everyday examples of thin, sur-

face-associated groups of bacterial communities called 
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 In this work, microfl uidic technology is used to rapidly create hundreds of thousands 
of monodisperse double and triple emulsion drops that serve as 3D microenvironments 
for the containment and growth of bacterial biofi lms. The size of these drops, with 
diameters from tens to hundreds of micrometers, makes them amenable to rapid 
manipulation and analysis. This is demonstrated by using microscopy to visualize 
cellular differentiation of  Bacillus subtilis  biofi lm communities within each drop 
and the bacterial biofi lm microstructure. Biofi lm growth is explored upon specifi c 
interfaces in double and triple emulsions and upon negative and positive radii of 
curvature. Biofi lm attachment of matrix and fl agella mutants is studied as well as 
biofi lms of  Pseudomonas aeruginosa . This is the fi rst demonstration of biofi lms 
grown in microscale emulsion drops, which serve as both templates and containers 
for biofi lm growth and attachment. These microenvironments have the potential to 
transform existing high-throughput screening methods for bacterial biofi lms. 
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biofi lms. These microbial groups are composed of bacterial 

cells embedded within a self-produced extracellular matrix 

(ECM) that provides the biofi lm with mechanical integrity 

and serves to protect the bacterial community from envi-

ronmental stressors. Biofi lms are ubiquitous and are impli-

cated in a variety of medical and industrial problems, such 

as infections from implanted medical devices and the fouling 

of pipes and ships’ hulls. [ 1–3 ]  The bacterium  Pseudomonas 
aeruginosa  exists as biofi lms in lungs of patients with cystic 

fi brosis, [ 4 ]  in patients with chronic wounds, [ 5,6 ]  and is the most 

common bacterium causing ventilator-assisted pneumonia, [ 7 ]  

which can arise or be sustained from biofi lms forming upon 

endotracheal tubes. [ 8,9 ]  These biofi lms can be persistent and 

diffi cult to eradicate. Antibiotics that are effective against 

individual bacterial cells often do not affect these communi-

ties of cells. [ 10 ]  Yet biofi lms can also have benefi cial purposes 

and can aid in the remediation of wastewater, soil, or gasoline 

spills, and protect agricultural crops. [ 11–13 ]  

 In the laboratory, biofi lm colonies are traditionally 

grown on the surface of agar plates at the gel–air interface, 

as pellicles at the liquid–air interface, or in well plates at 

the solid–liquid interface. These growth methods have been 

invaluable in contributing to our current understanding of 

both biofi lms themselves and microbial behavior. However, 

conventional culturing protocols can have limitations, and 
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thus nonconventional techniques for creating customized 

microenvironments for bacterial growth have been devel-

oped, including micromachined cavities, [ 14–16 ]  microfl uidic 

fl ow cells, [ 17–20 ]  and microchemostats. [ 21–24 ]  These customized 

microenvironments have led to new insights into the micro-

bial world: of persistence in bacterial subpopulations, [ 25 ]  of 

the acceleration and emergence of bacterial antibiotic resist-

ance, [ 14,26 ]  of quorum sensing and cell-to-cell signaling. [ 15,27,28 ]  

Novel cultivation methods for microorganisms will con-

tinue to further our understanding of bacterial behavior 

and have the potential to transform the fi eld of modern 

microbiology. [ 29–31 ]  

 Despite the power of these techniques, they cannot 

address the need for the creation of extremely large numbers 

of identical microenvironments necessary for high-throughput 

screening. Multiwell microtiter plates are utilized for studies 

that require analysis of numerous colonies; yet even multi-

well plates can be limited by the number of samples that can 

be processed in a given period of time and space. One tech-

nique that can be used to perform large numbers of quanti-

tative experiments in a short amount of time is drop-based 

microfl uidics, in which drops from femtoliters to nanoliters 

in volume serve as tiny microreactor containers that can be 

used for high-throughput biological screening and assaying. 

Microfl uidics provides a platform for the creation of immense 

numbers of monodisperse, microscopic drops and affords 

control over drop size and structure that is not accessible 

using bulk methods. Drop-based microfl uidics has been previ-

ously utilized to study properties of single bacterial cells, [ 32–35 ]  

and green fl uorescent protein (GFP) expression from many 

cells; [ 36 ]  however, the formation of communities of bacteria 

such as biofi lms in drops has not been previously explored. 

Growth of biofi lm communities in drops would allow for 

the vast application of microfl uidic technology; examples 

could include the screening of antibiotic drug conditions for 

the eradication of biofi lms, or the large-scale exploration of 

growth conditions for culturing previously unculturable bac-

teria or biofi lms. [ 37,38 ]  As biofi lms cause billions of dollars 

of damage each year in medicine and in industry, [ 39 ]  high-

throughput screening and applications that allow for a better 

understanding of biofi lm formation and eradication can have 

enormous impacts on cost control and health improvement. 

 Here we demonstrate a new method for the cultivation of 

bacterial biofi lms in emulsion drops. This is the fi rst demon-

stration of drop-based microfl uidic technology for the crea-

tion of multiple, monodisperse emulsion drops that serve as 

microenvironments for the containment and growth of bacte-

rial biofi lms. We show that the size of these drops allows anal-

ysis of colony heterogeneity and spatial–temporal structure 

of subpopulations. The ability of biofi lms to form in emulsion 

drops makes the encapsulated samples amenable to rapid 

manipulation and analysis using current high-throughput 

microfl uidic techniques.  

  2.     Results and Discussion 

 To create multiple, monodisperse double emulsion drops, 

we use a glass capillary microfl uidic device to create 

water-in-oil-in-water (w/o/w) drops by cofl owing 

coaxial streams of water in oil and using hydrodynamic 

fl ow-focusing of a third outer stream of water to gen-

erate individual drops ( Figure    1  A). This device can 

create monodisperse drops at rates of 100–5000 Hz 

and with well-defi ned diameters between 20 and 

300 µm. [ 40 ]  The thickness of the oil shell can be tuned by var-

ying the relative fl ow rates of the liquids and can be made as 

thin as a few micrometers. Multiple monodisperse drops can 

be created with this device (Figure  1 C).  

 We use  Bacillus subtilis , a model organism for studying 

biofi lms. A Gram-positive soil bacterium, it undergoes sev-

eral well-characterized developmental pathways of cellular 

differentiation. During biofi lm formation on an agar surface, 

these cells follow a defi ned lineage where planktonic cells 

differentiate to matrix-forming cells and sporulating cells. [ 41 ]  

The promoter genes that are responsible for each of these 

cell phenotypes are fused with fl uorescent proteins, ena-

bling cellular differentiation to be observed using confocal 

microscopy. 

 We encapsulate an aqueous suspension of planktonic 

 B. subtilis  bacterial cells to create w/o/w double emulsion 

drops (Figure  1 B) with an outer diameter of ≈164 ± 4 µm 

(see the Microfl uidic Device Operation section). Within 

24 h, these planktonic cells multiply and differentiate into 

matrix-forming cells at the inner interface of these micro-

scopic drops, forming 3D spherical biofi lms on the inside of 

the oil shells. The inner water–oil (w/o) interface is stabilized 

with a silicone surfactant, which is a known fi lm-former, and 

provides a substrate upon which the biofi lm readily adheres; 

moreover, the small size of these drops makes them ame-

nable to analysis. In Figure  1 C, we picture only a very small 

subset of the total drops made in a typical experiment. For 

these experiments, approximately 300 000 double emulsion 

drops were created in only 10 min of drop collection (see the 

(W 1 /O 1 /W 2 ) Double Emulsion Composition section). 

 We are able to follow the growth and development of 

 B. subtilis  biofi lms over time, following gene expression of 

the bacteria as they undergo differentiation from swim-

ming to matrix-forming. We use a dual-labeled reporter of 

the bacteria that expresses cyan fl uorescent protein (CFP) 

when swimming and yellow fl uorescent protein (YFP) 

when matrix-forming ( Figure    2  A). The planktonic bacteria 

localize and multiply at the inner w/o liquid interface (cyan 

bacteria, Figure  2 B). Within the fi rst 12 h, the bacterial cells 
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 Figure 1.    A) Microscale w/o/w double emulsions are created using a 
fl ow-focusing glass-capillary microfl uidic device, in which bacteria and 
media are cofl owed with oil to produce 20–300 µm diameter double 
emulsion drops. Image taken using a high-speed camera. B) Schematic 
of the fl ow-focusing region with the liquid compositions labeled. 
C) Microscopy image of multiple monodisperse double emulsion drops 
created with the microfl uidic device. Scale bars correspond to 200 µm.
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differentiate from rod-shaped, motile swimmers to elongated 

chains of nonmotile, matrix-forming cells at the interface. A 

ropey biomass structure appears throughout the entire inner 

drop interface (yellow bacteria, Figure  2 C, and Movie in the 

Supporting Information). This ropey microstructure is similar 

to the microstructure observed in  B. subtilis  pellicles, [ 42 ]  which 

form at air–water interfaces; in both cases, the biofi lm grows 

in direct contact with a reservoir of water. After 48 h, some 

of the matrix-forming cells differentiate into spores, resulting 

in a mixture of matrix-forming cells and spores. After 72 h, 

all of the matrix-producing cells have sporulated (nonfl uo-

rescent bacteria, Figure  2 D). These endospore cells are no 

longer capable of producing exopolysaccharides (EPS) and 

amyloid fi bers from TasA proteins, the two major compo-

nents of the biofi lm ECM. Thus, they sink to the bottom of 

the drop and are unable to remain adhered to the w/o inter-

face. A control experiment of  B. subtilis  3610 in Luria Bertani 

(LB) media does not form biofi lm at the interface after one 

day (Figure 7A).  

 To characterize differentiation from planktonic to matrix 

forming, we measure the average intensities of the fl uores-

cent reporters within the drops, and plot these as a func-

tion of time. We fi nd that the overall intensity of the matrix 

reporter within an individual drop increases dramatically, by 

nearly an order of magnitude, in the fi rst 12 h. By contrast, the 

intensity of the swimming reporter increases by only a factor 

of two over this same time period ( Figure    3  A). We hypoth-

esize that the increase in the swimming reporter intensity is 

due to an overall increase in the number of bacteria and the 

increase in the matrix-production intensity 

is due to a shift in the overall population 

type at the onset of biofi lm production. We 

note that this is a semiquantitative result. 

Truly quantifying the two populations 

would require integrating the intensity in 

the entire drop, correcting for autofl uo-

rescence and correcting for any overlap 

between emission spectra. Nevertheless, 

qualitatively similar behavior has been 

observed in biofi lms grown on agar, where 

bacteria differentiate from swimming to 

matrix-forming, [ 41 ]  as well as in a recent 

study, which demonstrates that nutrient 

depletion triggers matrix production in  B. 
subtilis  biofi lms. [ 43 ]  The peak in matrix-

production of wild-type  B. subtilis  in drops 

occurs at 12 h. This timescale is consistent 

with our observations of  B. subtilis  aggre-

gation in liquid cultures and occurs slightly 

earlier than observed for wild-type  B. sub-
tilis  biofi lms grown on agar (Figure  3 A). [ 44 ]   

 We observe an overall decrease in 

drop size as the biofi lm grows (Figure  3 B). 

The calculated inner water volume 

decreases by 45% over the fi rst 12 h and 

then remains constant (Figure  3 C). This 

corresponds to the peak in matrix-pro-

duction (Figure  3 A). In addition, when 

encapsulating a very dilute concentration 

of bacteria so that only a few of the drops contain bacteria, 

drops that contain bacteria shrink compared to those with 

only media in the inner phase ( Figure    4  A). Thus, this decrease 

in volume can be attributed to nutrient depletion, which cre-

ates an osmotically driven water fl ux from the inner aqueous 

phase to the outer continuous phase; this can occur because 

of a very small, but nonzero solubility of water in the silicone 

oil used (40 mol m −3  at 21 °C). [ 45 ]  This is consistent with a 

previous study of active coarsening between drops containing 

yeast cells and empty drops; bioactivity of the yeast cells low-

ered overall solute concentrations within those drops, causing 

them to shrink while the neighboring empty drops swelled. [ 46 ]  

By contrast to the single emulsions, for the double emul-

sions there is no evidence of water transfer from one drop 

to another. Instead, there is only transfer to the continuous 

phase, which serves as a reservoir for water.  

 While there is fl ux of water through the oil shell of the 

double emulsions, there is no fl ux of nutrient. We grow bio-

fi lms in double emulsion drops with roughly similar inner 

volume, but of different shell thicknesses. Independent of 

shell thickness, the biofi lm grows to the about the same thick-

ness in the drops, ≈5–10 µm, as shown in the series of images 

in Figure  4 C. This suggests that there is no fl ux of nutrient, 

even through the thinnest shells. This is in contrast to the 

observed fl ux of water through the shell, upon osmotic pres-

sure mismatch between the inner and continuous phases. 

 We also explore the formation of the biofi lms in inverse 

w/o single emulsions (see the (W 1 /O 1 ) Single Emulsion Com-

position section). The outer oil phase is a fl uorinated oil 

small 2015, 11, No. 32, 3954–3961

 Figure 2.    A) Illustration of dual-labeled  B. subtilis  3610 bacteria ( amyE::P  tapA  -yfp, 
lacA::P  hag  -cfp ) differentiating within a w/o/w double emulsion drop. The majority of bacterial 
cells are planktonic during the fi rst few hours, differentiate into matrix-forming cells while 
losing their fl agella between 12 and 24 h, and transition into spores between 48 and 72 h. 
B–D) Micrographs of  B. subtilis  biofi lm differentiation within drops taken using confocal 
microscopy. B) At 2 h, most cells express blue fl uorescence, indicating motility (P  hag  -cfp, 
where  hag  encodes fl agellin). The image plane is in the middle of the drop. C) At 24 h most 
cells have differentiated into matrix-producing cells and a robust biofi lm is formed on the 
inner interface of the double emulsion drop. The image is taken near the bottom of the drop 
to capture the 2D structure. D) At 72 h spherical nonfl uorescent endospores appear and 
collect at the bottom of the double emulsion drop, where the image is taken. All scale bars 
correspond to 50 µm.
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with 1% (w/v) fl uoro-PEG-ylated surfactant. [ 47 ]  We use sizes 

ranging from 20 to 200 µm in diameter. For all w/o emul-

sions, clumps of biofi lm-forming bacteria are seen; however, 

biofi lms do not form at the liquid–liquid interface due to the 

specifi c combination of the oil and surfactant. This is likely 

due to the poly(ethylene glycol) (PEG) at the interface, upon 

which biological agents, such as proteins, cells and enzymes, 

do not typically adhere. Similar to the double emulsions 

(Figure  4 A), we also observe active coarsening [ 46 ]  in single 

emulsions, where drops containing bacteria shrink while 

empty drops swell (Figure  4 B). 

 Thus, the double emulsion system is comprised of a suit-

able combination of volume and surface chemistry for bio-

fi lm growth. The double emulsions are not so small as to limit 

biofi lm formation due to insuffi cient nutrient; moreover, the 

surfactant (DC749) is a known fi lm-forming silicone that pre-

sumably creates a conditioning fi lm for the biofi lm. 

 Oxygen permeability in both of the oils used in the single 

(HFE-7500) and double emulsions (10cSt DC200 polydi-

methylsiloxane (PDMS) silicone oil) is high. The perme-

ability of oxygen in silicone oil is 4.1 × 10 −5  cm 2  s −1  [ 48 ]  and 

5.61 × 10 −5  cm 2  s −1  [ 49 ]  in perfl uorocarbon oil (compared to 

2.78 × 10 −5  cm 2  s −1  in water). [ 49 ]  In both cases, the drops rise 

to liquid–air interface, allowing the biofi lms to be exposed to 

oxygen in the air. 

 Microfl uidic techniques allow facile manipulation of 

liquid interfaces, and we exploit this by directing biofi lm 

growth upon specifi c surfaces in a triple emulsion system 

(o/w/o/w) and in a double emulsion system of inverse com-

position (o/w/o) (see the (O 1 /W 1 /O 2 ) Double Emulsion Com-

position and (O 1 /W 1 /O 2 /W 2 ) Triple Emulsion Composition 

sections). In these systems, the choice of surfactants in the 

aqueous and oil phases both stabilize the liquid interfaces 

and direct the growth of biofi lms upon preferential inter-

faces. When bacteria are encapsulated in the inner aqueous 

phase of a triple (o/w/o/w) emulsion, we fi nd that the bacteria 

preferentially forms a biofi lm on the inner oil interface, even 

at the expense of a closer proximity to an oxygen source as 

is the case for the outer oil interface ( Figure    5  A). Notably, 

the biofi lm on the inner oil interface is positive in curvature. 

This is in contrast to the (w/o/w) double emulsion system, 

in which the biofi lm prefers the outer oil shell of negative 

curvature. Thus, we show that biofi lms can be formed upon 

interfaces with both negative and positive radii of curvature 

by adjusting the surfactant and oil composition. In fact, we 

show that it can form on the inner drop of inverse double 

emulsion composition (o/w/o) (Figure  5 B). The biofi lm forms 

upon the inner oil phase of positive curvature, not upon the 

PEG-ylated interface, consistent with the inverse w/o single 

emulsions. Therefore, we can fi ne-tune the liquid–liquid inter-

faces in order to design higher-order multiple emulsions 

for preferential biofi lm attachment. For both the triple and 

inverse double emulsion, we observe that the structure of the 
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 Figure 4.    A) A double emulsion drop containing a mature biofi lm 
(white arrow) is smaller in size (inner diameter,  d  = 276 µm) than the 
empty, surrounding drops (average inner diameter, d  = 307 ± 8 µm), 
indicating that water has passed through the oil shell. B) Likewise, 
single emulsion w/o drops containing bacteria shrink, while the empty, 
surrounding drops swell. C) Varying oil shell thicknesses.  B. subtilis  
3610 cells expressing an accessory protein component of the ECM, 
TapA, form a ropey biomass indicative of biofi lm structure at the inner 
water–oil interface after 24 h at room temperature, regardless of the 
thickness of the outer shell. Scale bar in A corresponds to 200 µm. 
Scale bar in B corresponds to 25 µm. Scale bars in C correspond to 
50 µm.

 Figure 3.    A) Average intensity per drop,  I(t) , normalized by the initial 
intensity,  I  0 , and plotted as a function of time for drops containing dual-
labeled  B. subtilis  3610 bacteria ( amyE::P  tapA  -yfp, lacA::P  hag  -cfp ) with 
fl uorescently labeled promoter genes that correspond to swimming 
(squares,   ) and matrix production (circles,  • ). B) Plot of average 
inner diameter (diamonds,   ) and outer diameter (upward triangles, 
 ▲ ) of the double emulsion drops over time. C) Average drop volume 
 V ( t ), normalized by the initial volume,  V   0  , plotted over time (downward 
triangles,  ▼ ).
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biofi lm and the timescale associated with biofi lm formation 

are similar to that for double emulsions.  

 To better understand biofi lm adhesion to the interfaces of 

the drops, we compare the structure of wild-type  B. subtilis  

biofi lms in drops to the structure of matrix mutants in drops 

( Figure    6  ). The two primary components of the  B. subtilis  ECM 

are EPS and a protein TasA that is known to form amyloid 

fi bers. [ 50 ]  We use three different  B. subtilis  mutants defective 

in the genes responsible for these essen-

tial biofi lm components: Δ tasA , Δ eps,  and 

the double Δ tasA Δ eps  gene knockouts. 

In addition, we use a Δ hag  mutant that 

cannot produce fl agella to determine the 

role of swimming motility in surface cov-

erage formation in the drops. When either 

of the matrix components are missing, dis-

tinct ropey biofi lm is absent at the inner 

drop interface; the Δ eps  bacteria has weak 

clumps of bacteria at the interface while 

the Δ tasA  bacteria has a homogenous 

distribution of cells throughout the entire 

drop. In the Δ tasA Δ eps  double knockout, 

all the cells are localized at the bottom 

of the drop and no biofi lm is seen at the 

interface. Therefore, only the wild-type 

bacteria create a matrix that is seen on 

the entire inner interface. The results are 

strikingly similar to biofi lms of these mutants grown as pel-

licles at the liquid–air interface; [ 51 ]  the Δ tasA  mutant makes 

fl at pellicles, the Δ eps  mutant makes a fragile, fl at pellicle, and 

the double mutant makes no pellicles. In addition, we encap-

sulate a fl agella mutant with no defi ciency in matrix produc-

tion. We fi nd that the cells are unable to swim to interfaces 

throughout the drop, and biofi lm production occurs only on 

the bottom half of the drop, where cells are initially localized 

due to gravity. Confocal micrographs of drops containing 

each of these mutants (Figure  6 ) show that the drop system is 

comparable to traditional liquid culturing of biofi lm pellicles.  

 Finally, to demonstrate that this method of creating 

monodisperse drop environments for biofi lm growth is not 

limited to a particular strain of bacteria, we grow  P. aerugi-
nosa  PA14 biofi lms in the drops. This species is known to 

form biofi lms in Tryptone Broth (TB), but not in LB broth. 

This phenomenon is also seen in w/o/w double emulsions 

( Figure    7  B vs C). A control strain of a mutant defective in 

biofi lm formation, Δ pelA,  does not form biofi lm at the inter-

face in TB, but instead behaves similarly to bacteria in LB 

(Figure  7 D). This indicates that the drop environment can be 

applicable for other biofi lm-forming bacteria.   

  3.     Conclusion 

 In this work, we have demonstrated a number of different 

3D interfaces for biofi lm growth, which can be easily opti-

mized for many biofi lm species due to the availability of a 

wide variety of liquid materials and surfactants that one can 

use to fi ne-tune biofi lm adhesion, shell permeability, and to 

either isolate, protect, or expose the cells to the surrounding 

environment. We fi nd that PEG-ylated surfactants can pre-

vent biofi lms from attaching to drop interfaces, whereas 

neutrally charged, fi lm-forming surfactants can provide a 

preferential surface for biofi lm attachment. Interestingly, we 

observe that polyvinyl alcohol, a neutral, water-soluble sur-

factant, provides the most attractive surface. Biofi lm extra-

cellular polymeric substances (EPS) are typically anionic, 

yet their chemical composition can vary. Surfactants may be 
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 Figure 5.    A) Triple emulsions of o/w/o/w are created using glass capillary microfl uidics. B) 
Double emulsions of o/w/o. The biofi lm preferentially grows on the inner oil drop in both 
cases. Scale bar in A corresponds to 100 µm. Scale bar in B corresponds to 200 µm.

 Figure 6.    Cross-sectional images of double emulsion drops containing 
wild-type  B. subtilis  biofi lm and  B. subtilis  biofi lm mutants, taking 
using confocal microscopy after 24 h at 30 °C. The fi rst four images 
in each row, from left to right, correspond to a series of images taken 
from the bottom of the drop to the center. The right-most column 
corresponds to images taken from the top of the drops. All cells in this 
fi gure contain a fl uorescent reporter that is expressed in concert with 
an accessory protein component of the ECM, TapA ( P  tapA - yfp ), so the 
yellow fl uorescence arises from matrix producing cells. (First row) Only 
the wild-type bacteria create a matrix that is seen on the entire inner 
interface. By contrast, the Δ eps , Δ tasA , and double Δ eps Δ tasA  mutants 
lack components of the matrix and cannot form a robust biofi lm on the 
inner interface of the drops. The fl agella Δ hag  mutant cannot swim but 
is not defi cient in matrix-production; thus, biofi lm is only seen on the 
bottom half of the drop. Scale bars correspond to 50 µm.
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functionalized to allow specifi c binding to biofi lm EPS. The 

oils used in this work were chosen for their biocompatibility 

and high oxygen solubility. Other oils or even porous solids 

could be used to allow the transport of specifi c chemicals and 

nutrients across the shell. 

 For the drops reported here, with sizes on the order of 

100 µm, the biofi lm conforms to the curvature of the drop. 

However, for smaller drops, geometric constraints imposed 

by the drops may modify the biofi lm structure or surface cov-

erage. Adherence to the inner interface of the drop could be 

prevented by the bending rigidity of the biofi lm or individual 

bacterial bundles, thus altering surface coverage and biofi lm 

structure. A systematic study of how geometric constraints 

modify biofi lms structure would provide insight into biofi lm 

mechanics. 

 Biofi lm growth in 3D culture may have advantages over 

traditional 2D culture, such as increased diffusivity and trans-

port of nutrients and may provide a more realistic  in vitro  

model for biofi lm growth occurring in 3D extracellular envi-

ronments. These drop microenvironments for biofi lm forma-

tion can aid in understanding inter- or intraspecies behavior 

of cell populations in confi ned environments, giving insight 

into the social behavior of cells, including how biofi lms ini-

tially form, or how emergent behavior might arise from a 

complex population, such as antibiotic resistance in initial 

colony formation. In particular, these drop microenviron-

ments for biofi lm formation will enable the use of micro-

fl uidic technology to process greater numbers of biofi lm 

samples, increasing the speed and throughput of existing 

state-of-the-art biofi lm assays and revolutionizing current 

methods of biofi lm screening. 

 In drop-based microfl uidic screening assays, drop con-

ditions can be detected using fl uorescence and then sorted 

through the application of an electric fi eld. [ 52–55 ]  In this 

manner, drops can be rapidly sorted at kHz rates. To apply 

such detection and sorting methods to our biofi lm microen-

vironments, a generic method of detecting biofi lm formation 

would need to be established. This could be done using fl uo-

rescence, [ 52–55 ]  through a fl uorescent reporter for biofi lm for-

mation, or with fl uorescent lectins that preferential bind and 

localize on the EPS. Biofi lm formation could also be detected 

with static or dynamic light scattering. Due 

to its high sensitivity, scalability, and small 

sample volumes, drop-based microfl uidics 

is well suited for the high-throughput 

study of these important questions in bio-

fi lm formation as well as for the advance-

ment of biofi lm science.  

  4.     Experimental Section 

  Bacteria Strains and Culture : For all 
experiments, bacteria from freezer stocks are 
streaked onto a 1.5% agar LB medium plate. 
The plate is incubated for 12 h at 37 °C. An 
isolated colony from the plate is grown in 
3 mL of liquid LB at 37 °C until the optical den-
sity (OD) at 600 nm reaches 1.0. The bacterial 

solution is then diluted to an OD of 0.1 in biofi lm forming media 
of either MSgg [ 56 ]  for  B. subtilis  NCIB3610 or TB for  P. aeruginosa  
PA14 (10 g of BD Biosciences Bacto Tryptone in 1 L of water). The 
bacteria strain used in Figure  2–5  is the dual-labeled  B. subtilis  
NCIB3610  amyE::P  tapA  -yfp, lacA::P  hag  -cfp , which expresses cyan 
fl uorescent protein (cfp) when fl agella genes are expressed (and 
cells are swimming) and yellow fl uorescent protein (yfp) when 
matrix-producing genes are expressed. [ 41 ]  In Figure  6 , WT corre-
sponds to the same dual-labeled strain described above, Δ eps  
corresponds to the matrix mutant  B. subtilis  NCIB3610  epsA-
O::tet ,  amyE::Pspac c gfp  (spc) (HV1185), Δ tasA  corresponds to the 
matrix mutant  B. subtilis  NCIB3610  epsA-O::tet amyE::Pspac c gfp  
(spc) (HV1184), Δ eps Δ tasA  corresponds to  B. subtilis  NCIB3610 
 eps::tet, tasA::kan, amyE::P  tapA  -yfp  (spc) (HV1250), and Δ hag  
corresponds to NCIB3610  amyE::P  hag  -cfp  (HV1152B). The Δ tasA  
(HV1184) and Δ eps  (HV1185) knockouts were generated by using 
SPP1 phage-mediated generalized transduction [ 32,57 ]  to transfer 
the  amyE::Pspac c gfp  (spc) from strain EG219 [ 56 ]  to HV1173 (NCIB 
3610  tasA::kan ) or HV1182 (NCIB 3610  epsA-O::tet ). Strains of  P. 
aeruginosa  include constitutively fl uorescent  P. aeruginosa  PA14, 
and  P. aeruginosa  PA14  ΔpelA  (ZK3437 or LF42). [ 58 ]  

  Microfl uidic Device Operation : For all experiments, drops are 
created using pressure-driven fl ow in syringe pumps (Harvard 
Apparatus). Drop formation is imaged using a fast camera (Vision 
Research Phantom V9). The drops are collected in a 20–30x excess 
of the inner media solution to match inner and outer solution 
osmolarity in double and triple emulsion drops. The drops are 
incubated at 30 °C to promote biofi lm growth. 

  (W 1  / O 1 ) Single Emulsion Composition : The inner aqueous 
phase, W 1 , is a suspension of planktonic B . subtilis  bacterial 
cells at a fi xed OD of 0.1 in aqueous MSgg media. [ 56 ]  The outer oil 
phase, O 1 , is a fl uorinated oil (HFE-7500 3M NOVEC Engineered 
Fluid) with a 1% (w/v) fl uoro-PEG-ylated surfactant. [ 47 ]  Drops 
with diameters between 20 and 200 µm are created using a fl ow-
focusing, drop-making microfl uidic device created using PDMS soft 
lithography. 

  (W 1  / O 1  / W 2 ) Double Emulsion Composition : The inner aqueous 
phase, W 1 , is a suspension of planktonic  B. subtilis  bacterial cells 
at a fi xed OD of 0.1 in aqueous MSgg media. The middle oil phase, 
O 1 , is a silicone oil with surfactant (10cSt DC200 PDMS with 
2% (w/v) DC749). The outer aqueous phase, W 2 , is MSgg media 
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 Figure 7.    A) Constitutively labeled  B. subtilis  does not form a biofi lm in LB broth, as expected. 
A homogeneous distribution of cells are seen at the interface, showing the lack of biofi lm 
formation at the interface. B) Likewise, constitutively labeled  P. aeruginosa  does not form a 
biofi lm in LB broth. Preferential localization of bacteria near the wall may possibly be due to 
aerotaxis, chemotaxis or weak, attractive surface interactions. C) By contrast, constitutively 
labeled  P. aeruginosa  does form a biofi lm in TB broth. Aggregates of cells are seen at the 
interface, signifying biofi lm formation at the interface. D) In TB broth, the Δ pelA  mutant of  P. 
aeruginosa , which cannot form the Pel polysaccharide of the matrix, does not form a biofi lm 
at the liquid interface (strain is not fl uorescent). All images are taken after 24 h at 30 °C. Scale 
bars correspond to 50 µm.
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with 10% (w/v) poly(vinyl alcohol) (PVA, 87%–89% hydrolyzed, 
Mw 13 000–23 000, Sigma-Aldrich). The glass capillary microfl u-
idic device used to fabricate the double emulsions is made using 
two aligned tapered cylindrical capillaries, of outer diameter 1.00 
mm, that are inserted into opposite ends of a square capillary with 
inner diameter of 1.05 mm. [ 40 ]  The thinnest shell double emulsion 
(Figure  4 C) is made using the technique described in Kim et al. [ 59 ]  
Double emulsion drops pictured in Figure  2  and Figure  6  were cre-
ated at fl ow rates of 1800 µL h −1  (inner), 2100 µL h −1  (middle), and 
6000 µL h −1  (outer). These fl ow rates correspond to drop creation 
at ≈468 Hz. 

  (O 1  / W 1  / O 2 ) Double Emulsion Composition : The inner oil phase, 
O 1 , is silicone oil (10cSt DC200 PDMS). The middle aqueous 
phase, W 1 , is a suspension of planktonic  B. subtilis  bacterial cells 
at a fi xed OD of 0.1 in aqueous MSgg media containing 5% (w/v) 
PVA (87%–89% hydrolyzed,  M  w  13 000–23 000, Sigma-Aldrich). 
The outer oil phase, O 2 , is a fl uorinated oil (HFE-7500 3M NOVEC 
Engineered Fluid) with a 1% (w/v) fl uoro-PEG-ylated surfactant. [ 47 ]  
These double emulsions are also made using a glass capillary 
microfl uidic device, as previously described. [ 40 ]  

  (O 1  / W 1  / O 2  / W 2 ) Triple Emulsion Composition : The inner oil 
phase, O 1 , is 10cSt DC200 PDMS. The middle aqueous phase, W 1 , 
is a suspension of planktonic  B. subtilis  bacterial cells at a fi xed 
OD of 0.1 in aqueous MSgg media containing 5% (w/v) PVA (87%–
89% hydrolyzed,  M  w  13 000–23 000, Sigma-Aldrich). The outer oil 
phase, O 2 , is 10cSt DC200 PDMS with 2% (w/v) DC749. The outer 
aqueous phase, W 2 , is MSgg media with 10% (w/v) PVA (87%–
89% hydrolyzed, Mw 13 000–23 000, Sigma-Aldrich). The triple 
emulsions are created using a one-step emulsifi cation approach 
for making high-order monodisperse multiple emulsions drops. [ 60 ]  

  Confocal Microscopy and Image Analysis : Images in Figure  2 –  7  
are taken using a Leica TCS SP5 confocal laser scanning micro-
scope with a 10x air objective (NA 0.30). The pinhole size is set at 
1 Airy unit. The dual-labeled  B. subtilis  NCIB3610  amyE::P  tapA  -yfp, 
lacA::P  hag  -cfp  is excited at 458 and 514 nm for CFP and YFP, with 
photomultiplier tube (PMT) detection ranges from 465 to 505 and 
525 to 600 nm, respectively. A third PMT simultaneously collects 
a nonfl uorescent image from 680 to 700 nm (refl ection mode). 
In Figures  6  and  7 , the  B. subtilis  Δ eps , Δ tasA,  and  P. aeruginosa  
strains are imaged using excitation at 488 nm for GFP with a PMT 
detection range from 500 to 600 nm. The Δ eps Δ tasA  strain was 
imaged using excitation at 541 nm for YFP with a PMT detection 
range from 525 to 600 nm. 

 In Figure  3 A, fl uorescence intensities in the drops are analyzed 
using ImageJ. [ 61 ]  The gain settings on the confocal microscope for 
each the two fl uorescence channels (CFP and YFP) are consistent 
across all the time points, and do not oversaturate the PMTs. A cir-
cular region of interest is drawn to encircle an individual drop, in 
order to measure individual drop fl uorescence in the each of the 
PMT channels. The number of drops,  N , analyzed per time point 
ranges from  N  = 28–66. Error bars represent one standard devia-
tion from the mean fl uorescence intensity. Images displayed in all 
fi gures are minimally processed; only brightness and contrast is 
changed from the raw data. 

 The average, time-dependent inner drop diameter,  d ( t ), plotted 
in Figure  3 B is used to calculate the average, time-dependent inner 
drop volume,  V ( t ), plotted in Figure  3 C with  V ( t ) = (4 πa  3 )/3, where 
 d  = 2 a .  V  at  t  = 2h is taken as  V  0  and volumes at each time point 
are normalized by  V  0 .  V ( t )/ V  0  is then plotted as a function of time.  
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